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Carbohydrate metabolism of malarial parasites
C. A. HOMEWOOD 1

The evidence for the pathways involved in the metabolism of carbohydrates by malarial
parasites is critically reviewed. In all species studied, glucose is catabolized mainly by
glycolysis with little participation of the pentose-phosphate pathway. It has not been
proved conclusively that there is a functioning citric acid cycle in the intraerythrocytic
stages of avian plasmodia, nor is it certain that these stages of any malarialparasites use
oxygen.

INTRAERYTHROCYTIC STAGES

Carbohydrate metabolism has probably been
studied more extensively than any other aspect of
the biochemistry of malarial parasites but, in spite
of this, there is remarkably little indisputable
evidence on the mechanisms used in the degradation
of glucose even by the intraerythrocytic stages. It is
well known that the metabolism of the host and that
of the parasite are extremely difficult to separate, but
results of experiments in which no attempt is made
to distinguish between them or in which the attempt
fails contribute nothing to our knowledge of the
biochemistry of the parasite.
The biochemistry of the intraerythrocytic stages

of malarial parasites must be differentiated not only
from that of mature red cells, but also from that of
immature red cells, white cells, and platelets. Almost
all investigators take the metabolism of mature red
cells into account, but immature red cells are more
rarely considered as potential sources of interference.
The massive lysis of red cells that takes place during
the development of a high parasitaemia would be
expected to lead to a reduction in the average age
of the red cell population and to consequent changes
in the type and activity of red cell enzymes but,
surprisingly, in many infections the percentage of
histologically detectable reticulocytes or polychroma-
tophils does not increase. However, it has been shown
that mammalian (1, 2) and avian (3) blood can
contain red cells that have the metabolic charac-
teristics of immature cells without the expected
histological changes. An enzyme apparently origin-
ating in the mitochondria of reticulocytes has been
detected in Plasmodium berghei-infected cells (4),
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suggesting a marked change in the metabolism of
infected blood. Because of the differences in the
carbohydrate-metabolizing enzymes of mature and
immature red cells of mammals (e.g., 5-7) and of
chickens (8), no enzyme can be attributed to the
parasite unless it has first been shown that the
enzyme in question could not have originated in
immature red cells.

It should not be necessary to say that increased
numbers of leucocytes must also be taken into
account during investigations of the metabolism
of malarial parasites. The carbohydrate-metabolizing
enzymes of white cells differ considerably from those
of mature red cells (9, 10) and can therefore easily
be attributed to the parasite unless adequate precau-
tions are taken. Statements that white cells have been
removed from infected blood cannot be accepted
unless the method used has been thoroughly tested
on such blood and its effectiveness determined by
standard methods. The use with infected blood of a
method shown to be successful only with normal
blood, perhaps even of another species, can give
misleading results. For example, removal of the
buffy coat is a widely accepted method for the
removal of leucocytes from normal human blood
but it is completely inadequate for dealing with the
blood of mice infected with P. berghei (11), or that
of chickens infected with P. gallinaceum (P. S. Craig
& C. A. Homewood, unpublished observations,
1976), and probably that of monkeys infected with
P. knowlesi (12).

In some cases, platelets must also be considered,
although it has been reported that their numbers
fall in the blood of white mice after infection with
P. berghei (13).
Even when free parasites are prepared, white cells

and immature red cells cannot be ignored. Some of
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the methods used do not completely remove the
host cells but simply produce holes in their mem-
branes (14). Preparations of free parasites are there-
fore almost invariably contaminated with mem-
branes (14-16) and enzymes (17) from host cells.
In addition, organelles (such as mitochondria) of
host cells can be collected with the freed parasites,
either trapped within the remaining mesh of mem-
brane or spun down during centrifugation.

There are therefore a large number of ways in
which experiments designed to investigate the bio-
chemistry of malarial parasites can in fact give more
information on the biochemistry of the blood cells
of the host than on that of the parasite. Because,
in the past, insufficient attention has often been paid
to this fact, it is inevitable that a review of the bio-
chemistry of malarial parasites must necessarily
be rather critical. It is hoped that this review will be
considered to be not destructive but as clearing the
ground in preparation for reconstruction.

Oxygen utilization

It has long been accepted that malarial parasites
use oxygen, and changes in the rate of utilization
have been taken as an indication of the response of
the parasites to various experimental conditions.
It is therefore important to ensure that the measured
respiration is due to the parasites themselves, and
that it could not be due to contaminating host
material.

Leucocytes use much more oxygen than mature
erythrocytes (see 10 for references to respiration of
white cells) and increasing numbers of white cells
during the course of an infection could contribute
significantly to the respiration rate of cells from
parasitized blood. The respiration of reticulocytes
may be less obvious but because of their potentially
greater numbers it may be more significant, and it is
certainly more difficult to assess. The respiration of
reticulocytes of mammals is very much higher than
that of mature red cells (5, 18, 19); for example,
Ramsey & Warren (20) showed that rabbit reticulo-
cytes used oxygen at over 30 times the rate of mature
erythrocytes. Although mature red cells of birds use
considerable amounts of oxygen, immature red cells
have an even higher respiration rate (3, 21, 22).

Early experiments on P. knowlesi-infected monkey
blood attributed all the measured respiration to the
parasites and discounted or, more usually, ignored
the contribution of leucocytes and the possible con-
tribution of immature red cells (23-28).
The reported experiments on the utilization of

oxygen by avian malarial parasites also failed to
eliminate the possibility that host cells contributed
considerably if not entirely to the observed respira-
tion (3, 25, 29-32).
One factor that does suggest that the parasites

themselves use oxygen is the increase in oxygen con-
sumption per parasite during development from the
ring to the schizont stage (25, 29). However, when
the contribution of the host cells is impossible to
assess, it is perhaps unwarranted to draw such
conclusions. For example, failure to remove white
cells imposes the obligation to consider changes in
the numbers of white cells during the day (such
variations are also found in birds, 33), as well as
the changing relationship between the numbers of
leucocytes and of parasitized cells.
The results of experiments with rodent malarial

parasites are similarly difficult to interpret, as in no
case (except perhaps that of Nagarajan, 34) was the
possibility of interference by host cell metabolism
completely ruled out (19, 35-37). Indeed, Jones et
al. (35) showed that after parasites had almost
disappeared from the blood of rats infected with
P. berghei the rate of oxygen utilization by the cells
was much higher than at the peak of parasitaemia.
Nagarajan (34) reported that host-cell-free parasites
of P. berghei respired with succinate as the substrate,
although succinate dehydrogenase (EC 1.3.99.1)
could not be detected. Cytochrome oxidase (EC
1.9.3.1) activity was detected (34). The latter
enzyme was investigated cytochemically in P. berghei
and P. gallinaceum (38, 39) but the method used
was not specific enough to give certain evidence of
the presence of this enzyme (40). Scheibel & Miller (41,
42) detected cytochrome oxidase in preparations of
P. knowlesi and P. berghei from which white cells
and platelets had been carefully removed, but the
possible presence of the mitochondria of reticulo-
cytes cannot be ruled out.

There have been few attempts to detect other
components of a respiratory chain in malarial
parasites. NADH dehydrogenase (EC 1.6.99.3) and
NADPH dehydrogenase (EC 1.6.99.1) have been
detected cytochemically in P. berghei (43) but these
need not necessarily be associated with an electron
transport chain. The presence of ubiquinone in
parasites would be more significant and, although
for the mammalian parasites differences in the ubi-
quinones of normal and parasitized blood were
mainly quantitative (44), blood from ducks infected
with P. lophurae contained not only the ubiquinone-
10 of normal blood but also ubiquinones 8 and 9
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(45). The authors considered it unlikely that the
white cells present would have a ubiquinone that
differed from that of normal blood. In addition,
blood of monkeys infected with P. knowlesi or
P. falciparum synthesized not only the ubiquinone-lO
of normal blood but also ubiquinone-8 (46, 47).
The functioning of a possible electron transport

chain has been investigated only indirectly. Inhi-
bitors of electron transport inhibited the energy-
requiring (48) clumping of malarial pigment induced
by chloroquine (49), but such an indirect method of
measuring energy production must be treated with
caution, as must the observation of Nagarajan
(50) that 2,4-dinitrophenol and azide prevent the
incorporation of radioactivity from 32P-phosphate
by free parasites of P. berghei.

In conclusion, it can only be said that the intra-
erythrocytic stages of malarial parasites may use
oxygen. The evidence is inconclusive because of the
frequent (and perhaps inevitable) failure to exclude
the possibility of contamination of parasite prepara-
tions with respiring host cell material. The use of the
respiratory rate of parasites as an indicator of their
metabolic activity is therefore of doubtful value.
This is exemplified by the fact that, although the
respiration of P. knowlesi-parasitized cells is sti-
mulated to about the same extent by glycerol as
by glucose (27), glycerol is completely unable to
support the growth of the parasite in vitro (51).
Finally, at least one energy-requiring process, the
chloroquine-induced clumping of malarial pigment,
can take place in the absence of oxygen (49).

Glycolysis

Malarial parasites have little or no reserve carbo-
hydrates (23, 52-55). The ability of parasitized
erythrocytes or of free parasites to use sugars has
been tested by determining the effect of each sugar
on parasite respiration but, as discussed above, this
method may be unreliable. The utilization of large
quantities of glucose and the production of lactate
have been measured directly (3, 19, 22, 25-28, 36,
41, 55-63).
The presence of white cells in many of the parasite

preparations would probably have had little effect
on the amount of glucose used because, although
a leucocyte can use glucose at 500 times the rate of
an erythrocyte (64), there are always many fewer
white cells than parasitized cells. The presence of
immature red cells is more serious, as reticulocytes
use much more glucose than do mature cells (18, 22,
55, 65).

Much of the glucose used is converted to lactate
by all species of malarial parasite studied. The
glycolytic ratio (percentage of glucose converted to
lactate) varies from 6% to 100% for the mammalian
parasites (19, 26, 27, 36, 41, 58-60, 62, 63) and from
2.5 % to 200% (!) for the avian parasites (3, 22, 56).
In several cases, it would seem that a large proportion
of the glucose used cannot be accounted for as
lactate but, in spite of this, significant quantities of
metabolites other than lactate have not been found,
with the possible exception of acetate produced by
P. knowlesi (61).
The enzymes of the glycolytic pathway are pre-

sumably present in malarial parasites. The detection
after electrophoresis of an enzyme not found in
normal or immature red cells or in white cells, or
of an enzyme that differs in different parasites in
the same host, provides the best proof that the
enzyme is present in the parasite. By these criteria,
the following enzymes have been detected in malarial
parasites: hexokinase (EC 2.7.1.1), glucosephosphate
isomerase (EC 5.3.1.9), and lactate dehydrogenase
(EC 1.1.1.27) (17, 66-72). Other enzymes have been
reported, but there is insufficient proof that they
originated in the parasite (73-79).

Citric acid cycle

It is widely believed that, whereas the malarial
parasites of mammals are able to metabolize glucose
only by glycolysis, the avian malarial parasites have
a functioning citric acid cycle (80-84). However, the
evidence for the presence of this pathway is not as
convincing as might be expected. The mitochondria
of the avian malarial parasites are cristate (85), but
this does not prove citric acid cycle activity. Much
of the biochemical evidence consists of the stimula-
tion of the respiration of parasitized cells or of free
parasites by pyruvate, lactate, or various inter-
mediates of the citric acid cycle (3, 30-32). However,
as discussed earlier, unless the respiration measured
is proved to be due to the parasite, its stimulation
gives no information on the metabolism of the
parasite. Indeed, the stimulation of respiration by
lactate and the utilization of this substrate has also
been recorded for P. knowlesi-parasitized cells (27),
although it is not generally considered that this
parasite has a functioning cycle. Similarly, the
utilization of pyruvate, lactate, and intermediates
of the cycle cannot indicate the metabolic activity
of free parasites unless it is shown that cells or
organelles of the host were not involved (3, 31).
The determination of the end products formed by
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avian malarial parasites from glucose is complicated
by the fact that the red cells themselves have an
active citric acid cycle (86, 87) and the activity of
succinate dehydrogenase (21), and presumably of
the other enzymes of the cycle, is considerably higher
in immature than in mature red cells. The parasite
preparations investigated by early workers (3, 31),
were undoubtedly contaminated with host material,
which may have been responsible for the production
of the intermediates of the citric acid cycle that were
detected. The production of small amounts of
succinate (3, 31, 88, 89), even if it is due to the
parasites, need not necessarily indicate the presence
of a complete citric acid cycle. Similarly, the forma-
tion of carbon dioxide or pyruvate (3, 31, 88, 89)
cannot be assumed to indicate citric acid cycle
activity in the parasites unless it can be certain that
there is no interference from host material.
The detection in cells parasitized with P. lophurae

or P. gallinaceum of enzymes of the citric acid cycle
specific to the parasite would at least suggest the
possibility of an active cycle, but this has not been
achieved. The succinate dehydrogenase detected by
Seaman (90) in cells from ducks infected with
P. lophurae originated at least partly from the host
cells. The only other enzyme of the cycle reported
to be present in avian parasites is malate dehydro-
genase (EC 1.1.1.37) (91), but this enzyme does not
indicate activity of the citric acid cycle as it is present
in mammalian erythrocytes that lack the cycle (9).
It is also present in P. berghei (4, 66, 68) although
this parasite appears to lack some other enzymes
of the cycle (isocitrate dehydrogenase (NAD+ and
NADP+) (EC 1.1.1.41 and 1.1.1.42), 92 and suc-
cinate dehydrogenase, 93). Malate dehydrogenase
has also been detected in malarial parasites of
primates (71).

Glutamate dehydrogenase (EC 1.4.1.2), an enzyme
usually associated with citric acid cycle activity, has
been detected in rodent malarial parasites (94, 95)
and may also be present in P. lophurae (96).
Carbon dioxide fixation has been reported for

P. lophurae (97, 98), P. knowlesi (99), and P. berghei
(50, 100-102). One of the carbon dioxide fixing
enzymes detected in P. berghei has never been
found in mammalian tissues, so that this enzyme at
least must have originated in the parasite.

In conclusion, only one of the enzymes of the
citric acid cycle (malate dehydrogenase) has been
detected in malarial parasites, and it is present in
both avian and mammalian species. There is no
convincing evidence for the activity of the complete

cycle in any species, and therefore little evidence for
marked differences in the metabolism of glucose by
avian and mammalian parasites.

Pentose-phosphate pathway
The activity of this pathway is relatively low in

all species studied (42, 57, 58, 62, 89, 103). One of
the enzymes of the pathway, phosphogluconate
dehydrogenase (EC 1.1.1.43), has been detected in
several species by electrophoresis (68-72) and cyto-
chemically (104-106) but glucose-6-phosphate de-
hydrogenase (EC 1.1.1.49) appears to be absent
(cytochemically: 104, 106-108; electrophoretically:
17). Langer et al. (109) claimed to detect this and
other enzymes of the pentose-phosphate pathway
in P. berghei, but the activity of glucose-6-phosphate
dehydrogenase decreases during the intraerythro-
cytic growth of P. vinckei (110, 111) and the destruc-
tion of the host cell, suggesting that this enzyme at
least occurs in the red cell rather than the parasite.

OTHER STAGES

If the difficulties involved in studying the bio-
chemistry of the intraerythrocytic stages of malarial
parasites are formidable, those involved in studying
the metabolism of other stages appear to be almost
insurmountable. It is therefore not surprising that
little is known of the pathways present in stages
other than the intraerythrocytic one.
The exoerythrocytic stages of P. berghei do not

have detectable succinate dehydrogenase activity
(112), and thus appear to resemble the intraerythro-
cytic stages in their carbohydrate metabolism,
although differing in possessing glucose-6-phosphate
dehydrogenase activity (112).

Glucosephosphate isomerase (EC 5.3.1.9) is
present in the oocyst of P. berghei (67), suggesting
that the parasite retains the glycolytic pathway in
the insect stages, and the detection of succinate
dehydrogenase (93) and isocitrate dehydrogenase
(92) may indicate a complete citric acid cycle in this
stage. Mitochondria are cristate (93) but the detection
of cytochrome oxidase (113) is doubtful because of
lack of specificity in the method used.

CONCLUSIONS

Intraerythrocytic stages of malarial parasites of
all species studied have an active glycolytic pathway
and metabolize glucose mainly to lactate. There is
no complete citric acid cycle in mammalian para-
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sites and there is little convincing evidence for its
presence in avian species, although malate dehydro-
genase is present and the parasites are able to fix
carbon dioxide. It is probable that no malarial
parasites use oxygen. The pentose-phosphate path-
way is probably quantitatively unimportant in the
metabolism of glucose by the parasites.

The metabolism of the exoerythrocytic stages
may be similar to that of the red cell stages, but
more information is needed.
A ' switch ' in the carbohydrate metabolism of the

malarial parasite when it enters the insect vector
has been proposed (93), analogous to that described
for the African trypanosomes (114).

R1SUM

METABOLISME GLUCIDIQUE DES PARASITES DU PALUDISME

II est procede a un examen critique des faits relatifs aux
voies empruntees par le metabolisme glucidique des
parasites du paludisme. Dans toutes les especes etudiees,
le glucose est catabolise essentiellement par glycolyse, la
voie des pentose-phosphates n'intervenant guere dans ce
processus. I1 n'a pas ete prouve de maniere formelle

qu'un cycle de l'acide citrique intervienne dans les stades
intra-erythrocytaires des plasmodies aviaires, et il n'est
pas certain non plus que ces stades parasitaires du
paludisme consomment de l'oxygene, A quelque espece
qu'ils appartiennent.
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